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Procrustes analyses, the pairwise comparisons of the lat-
ter sample types showed the highest differences (i.e. weak-
est Procrustes correlation) with the correlation values of 

0.346 (P = 0.474) and 0.370 (P = 0.370) for EtOH-stored 
gut vs. frozen gut and EtOH-stored feces vs. frozen gut 
samples, respectively. The highest similarity, but margin-
ally non-significant Procrustes correlation was observed 
between EtOH-stored feces and EtOH-stored gut samples 
(Procrustes correlation = 0.523, P = 0.072). The proportion 
of shared OTUs between the latter sample types was 26.2% 
(Fig. 4).

Indicator species analysis revealed a large number of 
OTUs that were differentially abundant in across samples; 
13 OTUs for EtOH-stored feces, 28 OTUs for EtOH-stored 
gut (30 OTUs for the combination of EtOH-stored sam-
ples) and 12 OTUs for the frozen gut samples (Supplemen-
tary Table S4). The combination of EtOH-stored samples 
(feces + gut) harbored many indicator OTUs, whereas 

Figure 2. a) OTU richness (log transformed) and b) phylogenetic diversity (log transformed) for EtOH-stored feces, EtOH-stored 
gut and frozen gut samples of Nanorana parkeri. Whiskers denote 95% confidence intervals. Different letter combinations on top of 
whiskers denote significant difference between groups (α < 0.05) as based on Tukey HSD test. c, d) NMDS graphs as based on Bray-
Curtis similarity and UniFrac distance of bacterial community composition. e) Bar plots showing relative abundance of reads assigned 
to bacterial phyla, summarized for each treatment.

Table 1. PERMANOVA results for Nanorana parkeri samples 
with factor sample type (EtOH-stored feces, EtOH-stored gut 
and frozen gut). PW denote pairwise comparison between EtOH-
stored gut and frozen gut (PW1), EtOH-stored feces and fro-
zen gut (PW2), EtOH-stored feces and EtOH-stored gut (PW3) 
samples.

OTU matrix R²adj P P, PW1 P, PW2 P, PW3

Bray-Curtis 0.470 <0.001 <0.001 <0.001 <0.001
Unifrac 0.361 <0.001 <0.001 <0.001 0.007
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no OTUs were assigned to be specific for sample combi-
nations with frozen gut samples (i.e. EtOH-stored feces + 
frozen gut, EtOH-stored gut + frozen gut) (Supplementary 
Table S4). This further suggests an overall higher similar-
ity of the two types of EtOH-stored samples, which is also 
evident from the NMDS graphs (Figs 2c–d).

Frozen gut samples showed a consistent increase of 
Proteobacteria (sequence abundance; Fig. 2e), which was 
mainly caused by ten of the indicator OTUs, all belong-
ing to the Gammaproteobacteria: two undetermined 
Aeromonadaceae, two undetermined Enterobacteriace-
ae, two Klebsiella (Enterobacteriaceae), two Pseudomonas 
(Pseudomonadaceae), and two Shewanella (Shewanel-
laceae). These OTUs represented a very high proportion 
of reads in the frozen gut samples (90.1%), but most of 
them were completely absent from all of the other sample 
types. EtOH-stored gut samples, however, showed high-
est relative abundance of Firmicutes (sequence abundance; 
Fig. 2e). This pattern was particularly driven by Clostridia 
of which 25 OTUs were identified as indicators, and thus 
were relatively more abundant in the gut (EtOH) samples 
(Supplementary Table S4), forming 26.4% of the reads on 
EtOH-stored gut samples. 

Figure 3. Relative abundance of bacterial OTUs in all samples.

Discussion

As the number of DNA sequences of environmental or 
host-associated samples in public databases increase and 
acquiring such data becomes a routine approach in micro-
bial ecology, meta-analyses of comprehensive “big data” 
sets is becoming a promising research direction, leading 
to important insights into general patterns of bacterial di-
versity (Adams et al. 2015, Gonzalez et al. 2018, Rocca et 
al. 2018, Kueneman et al. 2019). However, considering the 
many technical factors influencing the outcome of ampli-
con analyses, including sample preservation, DNA extrac-
tion, PCR conditions and sequencing methods (Goodrich 
et al. 2014, Clooney et al. 2016, Anslan et al. 2018), it is of 
high importance to ascertain that such meta-analyses in-
deed recover biological patterns and not methodological 
differences among studies.

Our study exemplifies that the recovery of host-asso-
ciated microbiota richness and community structure may 
vary among sampling substrates. The two EtOH-stored 
substrates, gut content recovered by dissection and fecal 
samples, overall, revealed rather consistent patterns of 
OTU richness and phylogenetic diversity. However, con-
sidering community composition, important differenc-
es between gut and fecal samples were apparent, where 
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only about one fourth of the OTUs was shared between 
these sample types (Fig. 4). Similarly, Zhou et al. (2020) 
recently reported that the microbial composition from fe-
cal samples of adult cane toads (Rhinella marina) were sig-
nificantly different from the intestine (gut) samples. Simi-
lar results were found by Griffin et al. (2020) by studing 
blue mussels (Mytilus edulis), where they discourage the 
use of fecal samples to explore the gut microbial commu-
nities. One factor affecting the community difference be-
tween gut and feces could be the exposure to oxygen upon 
leaving the intestinal tract (Rago et al. 2017). Although 
we included a pond water control in our study to account 
for external contamination, the exposure to environmen-
tal contamination of fecal samples may further have fa-
cilitated the changes in microbial composition associated 
with feces samples (Song et al. 2018, Griffin et al. 2020). 
In this study and previous studies by Zhou et al. (2020) 
and Griffin et al. (2020), a single DNA extraction meth-
od was applied, but by utilizing two different DNA extra-
cion methods to study the gut microbiota of the Asiatic 
toad tadpoles (Bufo gargarizans), Song et al. (2018) report-
ed contrasting results. The results from samples subjected 
to TIANamp stool DNA kit demonstrated significant dif-
ferences between gut and feces, but interestingly, samples 
subjected to phenol-chloroform DNA extraction exhibited 
consistent microbial community composition patterns be-
tween these two sample types. Based on these results, the 
authors suggested that feces of amphibian tadpoles may be 
effectively used to study their gut microbiota. This high-

lights also the effect of DNA extraction method on the re-
covered microbial composition, which has been reported 
in several other studies (e.g. Chapagain et al. 2019, Fie-
dorova et al. 2019). Althogether, it is obvious that merg-
ing results based on these different types of substrates (gut 
and feces) for a meta-analyses may introduce biases, and 
thus they should be combined with great caution, and only 
when large differences between hosts are expected (which 
then would override the influences of methodology and 
substrate).

An even more divergent pattern was found between 
commonly used sample preservation methods (EtOH 
vs. freezing), with enormous differences both in bacteri-
al richness and community structure. Consistently, in al-
most all individual tadpole (frozen) gut samples, Proteo-
bacteria had enormously increased relative abundances, 
whereas relative abundances of Firmicutes and Verruco-
microbia were much lower (Fig. 2e; Fig. 3) compared to the 
EtOH-preserved samples. As summarized by Kohl (2017), 
blooming of certain taxa can change the composition of 
gut or fecal bacterial communities (Choo et al. 2015, Beck-
ers et al. 2017). We hypothesize this is what happened in 
our samples upon thawing periods during sample trans-
port. The blooming hypothesis is also supported by the fact 
that the Proteobacteria increase was caused by a limited 
number of bacterial OTUs, and most strongly influenced 
by only seven OTUs. Moreover, these OTUs were totally 
absent from the EtOH-stored Nanorana gut samples. How-
ever, several studies on soil, human- and insect-associated 
microbiomes have revealed that differences among preser-
vation methods are smaller than those between taxa and 
individuals, thus validating meta-analyses based on differ-
ently stored samples (Lauber et al. 2010, Dominianni et 
al. 2014, Hammer et al. 2015, Blekhman et al. 2016, Song 
et al. 2016). A study about sample preservation methods of 
fecal microbiota of spider monkeys revealed that the mi-
crobial community composition of EtOH-stored and fro-
zen samples were similar to fresh ones (Hale et al. 2015). 
Thus, it is expected that the latter sample storing methods 
are producing comparable results. Furthermore, a study on 
insect-associated microbiomes has suggested that the sam-
ple storage method (freezing, ethanol, dimethyl sulfoxide, 
cetrimonium bromide, storage without any preservative) 
has no or minor effect on microbiome composition (Ham-
mer et al. 2015). However, under typical field sampling 
conditions, such as in this study, continuous deep-freez-
ing of samples cannot be always ensured, which implies the 
possibility of radical effects on gut microbiomes. Sampling 
ungulate feces in the wild, Menke et al. (2015) observed 
only moderate shifts of the microbiome during 2–4 days 
but radical changes afterwards, usually following rain. On 
the contrary, Beckers et al. (2017) observed an important 
decrease in bacterial diversity in horse feces already after 
approximately 4 hours. A significant decrease of Bacteroi-
detes has been reported from fecal samples (of humans and 
monkeys) exposed to room temperature or to natural en-
vironmental conditions (Roesch et al. 2009, Hale et al. 
2016), which we also found to be the case for the frozen 

Figure 4. Venn diagram of shared OTUs between sample types. 
Total number of OTUs is 348. The number of OTUs in feces 
(EtOH), gut (EtOH) and gut (frozen) samples is 158, 253 and 88, 
respectively. The number of shared OTUs between feces (EtOH) 
and gut (EtOH) is 91 (26.2%). The number of shared OTUs be-
tween feces (EtOH) and gut (frozen) samples is 54 (15.6%), and 
49 (14.1%) between gut (EtOH) and gut (frozen) samples. Total 
numbers of shared OTUs is 43 (12.4%).
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